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In vivo single-molecule experiments offer new perspectives on the behaviour of DNA binding pro-
teins, from the molecular level to the length scale of whole bacterial cells. With technological
advances in instrumentation and data analysis, ﬂuorescence microscopy can detect single molecules
in live cells, opening the doors to directly follow individual proteins binding to DNA in real time. In
this review, we describe key technical considerations for implementing in vivo single-molecule ﬂuo-
rescence microscopy. We discuss how single-molecule tracking and quantitative super-resolution
microscopy can be adapted to extract DNA binding kinetics, spatial distributions, and copy numbers
of proteins, as well as stoichiometries of protein complexes. We highlight experiments which have
exploited these techniques to answer important questions in the ﬁeld of bacterial gene regulation
and transcription, as well as chromosome replication, organisation and repair. Together, these stud-
ies demonstrate how single-molecule imaging is transforming our understanding of DNA-binding
proteins in cells.
 2014 Federation of European Biochemical Societies. Published by Elsevier B.V. All rights reserved.1. Introduction below the diffraction limit of light (250 nm). In vivo single-Protein–DNA interactions are critical to many important
biological functions, from gene regulation and transcription to
DNA replication and repair. To better understand these processes
we need to look at molecular details, such as the intracellular con-
centrations and stoichiometries of DNA-binding proteins, the loca-
tion of DNA binding sites inside cells, and the binding kinetics of
these proteins. However, focusing on the molecular level can miss
the bigger picture; we also need to understand how protein–DNA
interactions shape the organisation of chromosomes and cause
phonotypical changes over the whole cell.
In vitro single-molecule experiments have extended our under-
standing of protein–DNA interactions based on detailed mechanis-
tic analysis using puriﬁed proteins and DNA oligonucleotides. On
the other hand, proteins can be imaged inside living cells with ﬂuo-
rescence microscopy. However, while conventional ﬂuorescence
microscopy can report on large cellular features, details are lostmolecule imaging bridges the gap between molecular-level and
cellular-level experiments, and can thus address new questions
that neither in vitro studies nor conventional ﬂuorescence micros-
copy can answer.
Knowing where proteins bind DNA is central to understanding
their function. Tools like chromatin immunoprecipitation (ChIP)
are powerful in determining speciﬁc binding sequences [1], but
they give no information on where these binding events take place
spatially within cells, and what their kinetics are. Because these
assays use lysates from many cells, they can only report on popu-
lation averages. In vivo single-molecule techniques can allow indi-
vidual DNA binding events to be observed in live cells [2–10],
shedding new light on binding behaviour, and resolving heteroge-
neity that ensemble measurements can miss [11,12]. Moreover,
these techniques can report on the spatial locations of these
actions in cells, and how they change as cells respond to stimuli
[4]. Experiments in live cells can also report on the kinetics of pro-
cesses. For example, measuring protein dwell times on DNA in live
cells provides insight into the rates of enzymatic action of proteins
[4]. The rates of DNA binding can also shed light on the mecha-
nisms by which proteins locate their speciﬁc binding sites [2,3].
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imaging single molecules in live bacteria and show how these can
be combined with tools like single-particle tracking to offer a new
perspective on protein–DNA interactions from the molecular
length scale to the level of whole bacterial cells. We highlight
experiments that used these methods to solve key questions in
bacterial transcription, DNA replication, and repair.
2. Single-molecule methods
2.1. In vivo single-molecule ﬂuorescence
Fluorescence microscopy allows labelled molecules to be
observed inside cells with greatly reduced unwanted signal from
other cellular components. This speciﬁcity naturally lends itself to
single-molecule studies; however, to image individual ﬂuorophores
in vivo several experimental challenges need to be overcome.
Single-molecule ﬂuorescence microscopes aim to maximise the
signal collected from each ﬂuorophore by using high numerical
aperture objectives together with sensitive cameras. Laser excita-
tion reduces unwanted background ﬂuorescence due to the narrow
frequency spectrum. Sources of ﬂuorescent contamination can be
minimised, for example, by preparing cells with low ﬂuorescence
growth media, and carefully cleaning cover slips to remove
contaminants [13]. Total internal reﬂection ﬂuorescence (TIRF)
microscopes are popular for single-molecule imaging as they
reduce the problem of out-of-focus ﬂuorescence, which is inevita-
ble in epiﬂuorescence systems. In TIRF illumination, the excitation
beam is reﬂected at the interface between the coverslip and the
imaging medium so that the resulting evanescent excitation
extends only 150 nm into the sample [14]. This technique is well
suited to studies focused on the cell membrane, but less appropri-
ate for imaging deeper into the cytoplasm. To image the bacterial
nucleoid, TIRF systems can be used at sub-critical angles giving a
thin sheet of excitation light at a shallow angle to coverslip [15].
The ﬂuorophore used to label the protein of interest is of crucial
importance to the sensitivity of the experiment. Synthetic dyes are
generally brighter and more photostable than ﬂuorescent proteins,
however they also have major disadvantages. Immunostaining is a
common tool to label with synthetic dyes, but it requires cells to be
chemically ﬁxed and permeabilised. Unknown labelling stoichiom-
etries of ﬂuorophores per antibody and incomplete staining of a
particular protein with antibodies in the cell can hinder quantita-
tive analysis of the microscopy images [16]. Furthermore, deliver-
ing synthetic dyes into live cells is problematic, although progress
is being made, as discussed in Section 6 [17–21]. In this review, we
focus on labelling with genetically encoded ﬂuorescent proteins.
While not as bright or photostable as synthetic dyes, ﬂuorescent
proteins are ideal for imaging live cells and can achieve almost
1:1 labelling stoichiometry which facilitates counting proteins.
2.2. Super-resolution microscopy
Several microscopy methods have been developed to resolve
molecular structures smaller than the diffraction limit of light
(250 nm). Stimulated emission depletion microscopy (STED)
[22] increases resolution by supressing unwanted ﬂuorescence
surrounding the central excited area, achieving a resolution of
50–70 nm for ﬂuorescent proteins [23]. In structured illumination
microscopy (SIM) [24,25] multiple images are taken with pat-
terned excitation light to extract additional spatial information
about the sample, allowing a resolution of 100 nm [23]. Both
these techniques, however, image ensembles of molecules [23].
The microscopy image produced by a single ﬂuorophore is a
ﬁnite-sized spot whose size is limited by diffraction. The shape of
this intensity proﬁle is known as the point spread function (PSF)and can, in many cases, be well approximated by a Gaussian func-
tion [26]. This allows the exact position of an isolated molecule to
be determined with much higher precision than the size of the PSF
by ﬁtting the image to a Gaussian mask (Fig. 1A I) [27]. The uncer-
tainty of the ﬁtted position depends mainly on the number of pho-
tons collected [26,28]; for typical single-molecule experiments
using ﬂuorescent proteins, the uncertainty is between 10 and
50 nm.
In order to ﬁt the ﬂuorescence intensity proﬁle of a molecule, it
must be sufﬁciently separated from any other molecules to be
clearly spatially resolved. Due to the small size of bacteria, this
means imaging only a few molecules per cell; a much lower den-
sity than most proteins in Escherichia coli (Fig. 1A II). Photoactivat-
ed localisation microscopy (PALM) overcomes this problem [29]
by taking advantage of photoconvertible or photoactivatable ﬂuo-
rescent proteins, such as mEos2 [30], Dendra2 [31] or PAmCherry
[32]. These proteins can be photoactivated with UV light, the
intensity of which can be chosen to ensure that there are very
few emitting (photoactivated) molecules at any given time. Mole-
cules are stochastically activated, imaged and localised over a
movie with typically several thousand frames. The localisations
from all frames can then be reconstructed into a super-resolved
image [23,29,33,34].
2.3. Single-particle tracking
Tracking the movement of molecules in live cells is a powerful
approach that in principle allows directly observing the kinetics
and location of protein activities. Single-particle tracking (SPT)
algorithms join together the positions of molecules over a series
of images to form trajectories. The density of labelled molecules
should be low so that their PSFs are resolved and trajectories do
not cross. This requirement limited early studies in bacterial cells
to artiﬁcially low protein copy numbers, as illustrated in Fig. 1A
II [2].
Combining single-particle tracking with the strategy of photo-
activation central to PALM allows many molecules to be tracked
sequentially [35], making it possible to study a much broader
range of biological problems. The basis of this technique is illus-
trated in Fig. 1B. As in typical PALM studies, single molecules are
sparsely photoactivated and imaged for a number of frames until
they photobleach. Compared to ordinary PALM, lower excitation
intensities are used to allow molecules to be tracked for a longer
duration at the cost of decreased localisation precision.
2.4. Analysing protein diffusion
Studying the mobility of DNA-binding proteins can provide key
insights into their function. Several well-established techniques
exist for obtaining information about the diffusive motion of mol-
ecules inside cells, such as ﬂuorescence correlation spectroscopy
(FCS) [36] and ﬂuorescence recovery after photobleaching (FRAP)
[37]. In FCS the mobility of molecules is inferred from the time-
scale of ﬂuorescence intensity ﬂuctuations as they diffuse through
a focussed excitation beam. FRAP measures the time it takes for
ﬂuorescent molecules to diffuse into a previously photobleached
area. Fitting FCS and FRAP data to the appropriate model can allow
information on binding kinetics, such as association and dissocia-
tion rates, to be extracted [38].
While both these techniques can be used to great effect, they
are limited by the fact that ensemble measurements can mask
the presence of multiple molecular species with different diffusion
behaviour through averaging [39]. As a consequence, care must be
taken when extracting binding kinetics based on a pre-conceived
kinetic model [38]. Both FRAP and FCS study diffusion within a sin-
gle spot in the cell at any given time. In contrast, single-particle
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[4]. Most importantly, single-particle tracking provides informa-
tion about each molecule and thus reveals information about het-
erogeneity in the sample, and allows individual molecules to be
categorised based on their mobility. On the other hand, trajectories
of single molecules are typically limited to only a few frames
because of photobleaching, which obstructs the observation of pro-
cesses with slow kinetics or rare events. For this reason, combining
FRAP, single-molecule, and conventional ﬂuorescence microscopy
has proven useful for studying the same phenomenon on different
time-scales [5].
Trajectories generated from single-particle tracking experi-
ments can be analysed in several ways to characterise diffusion
and identify motion changes indicative of protein activity. The
mean squared displacement (MSD) of a molecule over a range of
observation times (lag times) can be used to determine if diffusion
is Brownian (the random motion of microscopic particles) (Fig. 1C
I). For two-dimensional Brownian diffusion, the MSD depends lin-
early on lag times (Dt); under these conditions the diffusion coef-
ﬁcient (D) is calculated using D = MSD/(4Dt). For sub-diffusive
molecules the MSD plateaus at higher lag times. Alternatively,
the distribution of displacements for molecules taken at one par-
ticular lag time can be plotted as an empirical cumulative distribu-
tion function (CDF) [40,41] (Fig. 1C II). The resulting curve can be
ﬁtted to an analytical CDF for a single or multiple diffusing species
to extract estimates for the diffusion coefﬁcients of these
molecules and determine the fractions of molecules in different
states.
Determining diffusion coefﬁcients from non-Brownian motion
is more complicated. Proteins can exhibit sub-diffusion due to
the conﬁnement from the small size of the bacterial cell [41], mac-
romolecular crowding [42], or DNA binding [4]. A number of other
factors can also bias the calculation of diffusion coefﬁcients,
including the ﬁnite number of steps per track, limited localisation
precision, and ﬂuorescence spot blurring due to molecule move-
ment during camera exposure times [43]. The magnitude of the
biases depends on the diffusion coefﬁcient itself, making any
corrections problematic. To account for these effects, apparent
diffusion coefﬁcients (D⁄) determined experimentally can be com-
pared to simulated data [4,7,41]. Typically, Brownian motion is
simulated by generating stochastic steps within the cell conﬁne-
ment area. In a more detailed approach, ﬂuorescence intensity pro-
ﬁles can then be modelled on the simulated tracks; the resulting
ﬂuorescence movies are analysed using the same routines and
parameters used to analyse the experimental data [4]. Another
approach to analysing tracking PALM data uses hidden Markov
models to describe molecules making memoryless jumps between
different diffusive states to extract not just D⁄ values, but also tran-
sition rates and dwell times [44]. This highlights the large amount
of information contained in tracking data which is often
unexploited.
2.5. Imaging DNA binding
The apparent diffusion coefﬁcient of single tracks can be used to
categorise molecules as bound to DNA (low D⁄ values) or diffusing
(high D⁄ values). Very short tracks (e.g. <4 steps) have a larger sta-
tistical uncertainty and are typically discarded for this analysis.
Representing apparent diffusion coefﬁcients as a histogram
(Fig. 1D I) shows the presence of different diffusive popula-
tions, that can be quantiﬁed by setting thresholds on D⁄ [4,13].
Plotting the location of categorised molecules allows the spatial
distribution of DNA binding events to be determined in live
cells.
Another approach to observe DNA-binding events uses the
width of the ﬂuorophore spot to report on the protein mobility(‘‘detection by immobilisation’’; Fig. 1D II). For long exposure
times, stationary molecules still appear as a point source, whereas
the image produced by a fast moving molecule is broader due to
motion blurring. When these ﬂuorescent spots are ﬁtted to a
Gaussian, the width of the ﬁt can be used to distinguish between
proteins stably bound to DNA and diffusing proteins [2,4].
2.6. Counting molecules
In addition to the mobility and spatial distribution of proteins,
their intracellular concentration and stoichiometry in complexes
are important observables. Using ﬂuorescent proteins, the total cell
intensity can directly report on the concentration of labelled pro-
teins with sufﬁcient sensitivity to detect inherent ﬂuctuations in
gene expression [45]. However, converting the concentration units
from intensity to molecules per cell requires careful calibration and
accurate cell segmentation. Labelled proteins that localise within
larger complexes can appear as bright spots, whose intensity drops
in a stepwise manner due to photobleaching of the individual mol-
ecules. Counting these photobleaching steps directly informs about
the stoichiometry and turnover of protein complexes in vivo
[5,46,47].
In the case of PALM imaging or tracking, individual photoactiva-
tion events each represent a single molecule, which naturally
allows counting protein copy numbers in a cell, or within particu-
lar subcellular regions. However, several sources of overcounting
and undercounting need to be taken into account. Photoactivatable
proteins may blink after activation; they transition from photo-
active to dark states reversibly [48]. This effect, as well as mole-
cules which transiently disappear as they diffuse in and out of
the area of illumination, can cause single molecules to be counted
multiple times. To overcome these problems, tracking algorithms
can connect localisations over a certain number of missed frames
in a track. On the other hand, sources of undercounting include
the presence of unfolded and immature ﬂuorescent proteins, as
well as incomplete photoactivation over the course of the experi-
ment [49].
Together, these experimental and analysis techniques highlight
the quantitative information available from in vivo single-mole-
cule methods. The following applications show how these tech-
niques can elucidate the DNA-binding behaviour of proteins
involved in DNA replication and repair, transcription, and chromo-
some organisation.
3. DNA replication and repair
The replisome is a multi-protein complex at the heart of DNA
replication, coupling continuous synthesis on the leading DNA
strand and discontinuous synthesis of Okazaki fragments on the
lagging DNA strand in one functional unit. In E. coli, the replisome
contains DNA polymerase III (Pol-III), DNA helicase, and sliding
clamp with associated clamp loading complex. The unwound
lagging strand template forms a loop onto which an RNA primer
is formed. The loop is subsequently released for synthesis of a
new Okazaki fragment and the RNA primer is removed by DNA
polymerase I (Pol-I) and sealed by DNA ligase.
Single-molecule methods have reﬁned our understanding of
the fundamental process of DNA replication but also challenged
some established facts by resolving the stochastic timing of
enzymatic reactions and transient protein interactions that
remained hidden in earlier ensemble experiments [50]. In vitro
single-molecule measurements focus on isolated proteins or recon-
stituted complexes but cannot recreate the complete cellular
environment. Chromosomal replication is a clear example of a pro-
cess where many insights can be gained from single-molecule
imaging in live cells, as illustrated by the following examples.
Fig. 1. Localisation and tracking of single molecules in live bacterial cells. (A) (I) The
position of a single ﬂuorophore can be localised with much greater precision than the
diffraction limit by ﬁtting the intensity proﬁle with a Gaussian mask which, in many
cases, approximates the underlying point spread function well. (II) Molecules can be
tracked in live cells by joining together localisations over successive frames. This analysis
requires ﬂuorescent spots to be isolated, which, in bacterial cells, limits the technique to
very low protein copy numbers. (B) Combining photoactivated localisation microscopy
(PALM) and single-particle tracking allows many molecules to be imaged and tracked
sequentially. As in typical PALM studies, single molecules are photoactivated using UV
light, then imaged for a number of frames until they photobleach irreversibly. This
process is repeated as other molecules are stochastically activated until all molecules of
interest have been imaged. (C) There are several ways to represent and analyse diffusion
of tracked molecules. (I) The mean squared displacement (MSD) of trajectories can be
measured at different lag times (Dt) to infer diffusion characteristics. For molecules
undergoing Brownian diffusion, MSDs increase linearly with lag time, whereas a plateau
in the MSD curve is characteristic for sub-diffusion of molecules whose motion is
conﬁned. (II) The distribution of step sizes for a given lag time can be plotted as an
empirical cumulative distribution function (CDF). Slowly moving molecules have a
steeper initial gradient than fast moving molecules. Data containing multiple diffusive
populations can be ﬁtted to quantify the fractions of molecules in different states. (D)
Two complementary single-molecule methods can be used to distinguish DNA-bound
molecules from diffusing molecules. (I) Molecules can be classiﬁed based on the
apparent diffusion coefﬁcient (D⁄) per track, with immobile molecules having very low
D⁄ values. The histogram of D⁄ values frommany individual molecules shows immobile,
DNA-bound, populations (red), and faster moving free populations (blue). (II) Bound and
diffusing molecules can be separated by imaging at long exposure times, so that the
ﬂuorescent spot from fast diffusing molecules appears broader due to motion blurring,
whereas bound molecules still appear as diffraction-limited point sources. The width of
the Gaussian ﬁt to the ﬂuorescence spot reports on the diffusion coefﬁcient and
transitions between states of different mobility can be detected.
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During replication, the circular E. coli chromosome is duplicated
in opposite directions by two replisomes. One of the intriguing
questions in the ﬁeld was whether the E. coli replication forks stay
together as a joint complex, as shown for Bacillus subtilis [51] and
similar to replication factories in eukaryotic cells [52], or function
individually [53]. Time-lapse ﬂuorescence imaging of replisome
components in live E. coli yields clear spots corresponding to indi-
vidual replication forks [54]. These foci ﬁrst assemble at the origin
of replication oriC, normally located at mid-cell in new-born slowly
growing cells. The two forks separate shortly after replication ini-
tiation and travel in opposite directions to each cell half before
returning to mid-cell for replication termination [54].
After showing that replication forks in E. coli work separately,
attention turned to the composition of the individual complexes
[47]. By labelling with the fast maturing and bright ﬂuorescent
protein YPet, the number of copies of 10 different proteins in the
replisome were counted (Fig. 2A I). Individual photobleaching
steps within replication foci matched the intensity of single YPet
proteins in vitro. Protein stoichiometries were obtained from the
total intensity in foci divided by the unitary YPet intensity. The
stoichiometries showed bimodal distributions that reﬂected either
single replisomes spaced far apart enough to be studied separately,
or two replisomes spaced more closely than the optical resolution
limit (Fig. 2A II). This study challenged the long-held notion that
the replisome contains exactly two replicative DNA polymerases
(Pol-III): one performing leading, and the other lagging, strand syn-
thesis. Instead, the copy number distributions for the polymerase
subunits clearly demonstrated the presence of three Pol-III enzymes
per fork. The analysis of ﬂuorescence spots in cells also reported on
the size of the replisome, since for most strains the dimensions of
the ﬂuorescent spots (305 nm) exceeded the diffraction-limited
PSF for the microscope (250 nm); this comparison agreed with
structural studies of the replisome that indicated that it roughly
occupies a sphere with a maximum diameter of 50 nm.
Quantitative ﬂuorescence imaging of B. subtilis replisomes
showed that sliding clamps get recruited at a rate of 67 dimers
per minute to newly assembled forks, consistent with the loading
of a new clamp at each Okazaki fragment [55]. Following fork assem-
bly, sliding clamp levels stabilise with a constant turnover, each pro-
tein having a binding time of about 3 min. In vitro, however, sliding
clamps displayed much longer binding times with a half-life of about
2 h, emphasising the need to re-examine in vitro results in the cellu-
lar context. Furthermore, replication forks in B. subtilis appeared to
leave a trail of sliding clamps that might serve as recruitment points
for other proteins such as mismatch repair factors that correct for
misincorporated nucleotides behind replication forks [56]. The misin-
corporation rates have been quantiﬁed by counting foci of mismatch
repair proteins in vivo [57].
3.2. DNA repair synthesis
DNA polymerases also play a key role in the frequent repair of
oxidised, alkylated, or deaminated DNA bases, as well as DNA
crosslinks and UV light induced DNA damage. Base-excision and
nucleotide-excision repair remove short sections of the damaged
DNA, leaving single-stranded DNA gaps to be ﬁlled and sealed by
Pol-I and ligase. Indeed, photoactivated single-molecule tracking
revealed transient binding of individual Pol-I and ligase molecules
in the presence of DNA methylation damage (Fig. 2B), allowing
base-excision repair rates to be quantiﬁed in live E. coli cells [4].
As opposed to chromosome replication, DNA repair synthesis by
Pol-I showed no clear foci in conventional ﬂuorescence images
[4]. Instead, photoactivating single molecules avoided the problem
of high background intensity from about 400 Pol-I molecules per
Fig. 2. Imaging DNA replication and repair. (A) Determining the stoichiometry of proteins in the E. coli replisome [47]. (I) Components of the replisome were labelled with the
ﬂuorescent protein YPet. Labelled replisomes appear as bright spots that separate into either cell half during replication. (II) Stepwise photobleaching of the labelled e subunit
of Pol-III revealed the presence of three copies of the replicative DNA polymerase per replication fork. (B) Photoactivated single-molecule tracking of Pol-I in live E. coli cells in
the presence of DNA methylation damage [4]. (I) Tracks of molecules that are bound to the chromosome to perform DNA repair synthesis appear stationary (shown in red),
and the majority of unbound molecules (shown in blue) diffuse inside the nucleoid. (II) The histogram of apparent diffusion coefﬁcients shows distinct populations of13%
bound and 87% diffusing Pol-I molecules at saturating DNA damage treatment. (III) An example track showing the search path of an individual Pol-I molecule (light blue) to
ﬁnd a repair site where it binds transiently (red) before unbinding (dark blue). The time-trace shows the stochastic diffusion steps for this molecule; horizontal lines indicate
the average diffusion coefﬁcients of 0.9 and 0 lm2/s in the diffusing and bound states, respectively. (C) Measuring single-molecule FRET in vivo: the puriﬁed Klenow
fragment (KF) of Pol-I was site-speciﬁcally labelled with a donor and an acceptor ﬂuorophore in vitro and internalised into live E. coli by electroporation [21]. (I) An example
molecule shows a constant FRET efﬁciency (E⁄, in blue) until the acceptor ﬂuorescence (red) disappears abruptly due to bleaching, which unquenches the donor ﬂuorescence
(green). (II) The histogram of the FRET efﬁciency agrees with previous in vitro measurements [60]. Panel A was adapted with permission from [47]  (2010), American
Association for the Advancement of Science. Panel B was adapted from [4],  (2013), Proceedings of the National Academy of Sciences USA (PNAS). Panel C was reproduced
with permission from [21],  (2013), Elsevier.
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their apparent diffusion coefﬁcients. Saturating levels of DNA dam-
age treatment resulted in a ﬁvefold increase of bound molecules
that were distributed randomly throughout the nucleoid (Fig 2B I
and II). Tracks recorded at 15 ms per frame were typically either
entirely in the bound state or diffusing state, although longer
tracks occasionally showed transitions between the states, includ-
ing full repair events (Fig. 2B III). In order to measure the binding
time per repair event, the problem of rapid photobleaching of ﬂuo-
rescent proteins had to be circumvented. To this end, long expo-
sure times were used that allowed very low excitation and
photoactivation intensities. Under these conditions, only the
bound molecules showed diffraction-limited sharp PSFs while dif-
fusing molecules appeared as blurred spots due to their motion
during the exposure time per frame. Binding times could then be
measured from the lifetime of stationary spots. This approach is
similar to detection by immobilisation (see Section 2.5), but uses
photoactivation to image arbitrary densities of bound moleculesand eliminates the background ﬂuorescence from diffusing
molecules.
With the achievement of in vivo tracking of single DNA poly-
merases, the next technological boundary is the measurement of
protein conformations and structural dynamics in living cells.
Single-molecule Förster resonance energy transfer (FRET) mea-
sures nanometre distances based on the relative ﬂuorescence
intensities of a donor and an acceptor ﬂuorophore pair. This tech-
nique provides magniﬁcent insight into protein–DNA interactions
in vitro [58], but the requirement for site-speciﬁc protein labelling
with bright synthetic ﬂuorophores has hindered in vivo applica-
tions. In a proof-of-principle study, Klenow fragment, a large frag-
ment of Pol-I, was puriﬁed and site-speciﬁcally labelled with donor
and acceptor ﬂuorophores. The labelled protein fragment was sub-
sequently introduced into live E. coli by electroporation [21,59].
Because the synthetic ﬂuorophores used were far more photosta-
ble than any ﬂuorescent protein, single-molecule tracks and ﬂuo-
rescence intensity time traces of more than 10 s at a temporal
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to the PALM study [4], most DNA polymerase molecules showed
rapid movement, with only a small population appearing to be
bound to DNA. These proteins displayed a FRET signal that
matched the established in vitro results [60] (Fig. 2C II).
4. Transcription and gene expression
Transcription is the ﬁrst step in gene expression and key to
understanding how cells respond to changes in their environment.
RNA polymerase (RNAP) is the enzyme responsible for all tran-
scription in E. coli. Several single-molecule studies have directly
imaged RNAP in cells to characterise its diffusive motion and shed
light on the spatial organisation of transcription.
4.1. RNA polymerase spatial distribution
The spatial distribution of RNA polymerase changes dramati-
cally in cells under different growth conditions [61]: Conventional
ﬂuorescence microscopy studies of RNAP in ﬁxed cells which had
been grown in nutrient rich media showed bright foci of densely
packed RNAP. These foci were hypothesized to be due to active
transcription on genes encoding for ribosome components (ribo-
somal operons). By contrast, in nutrient minimal conditions, RNAPFig. 3. Imaging transcription and gene regulation. (A) PALM imaging revealed changes in
signiﬁcant clustering of localisations was found for the control using unconjugated ﬂuores
were observed under minimal media conditions. Rich media conditions showed extensi
RNAPs transcribing a single ribosomal operon. Larger clusters likely represent multiple ri
dissociation using detection by immobilisation [3]. (I) Cells growing in media with IPTG d
localised spots indicates binding of LacI to the operator DNA. (II) The fractional binding a
IPTG dilution. (III) To test if LacI ﬁnds operator sites by sliding on DNA the association ra
distances. For distances larger than the sliding distance LacI ﬁnds the two operators site
operators is below the sliding distance of LacI the operator pair appear as a single search t
revealed that LacI slides for an average of 45 base pairs. Images in panel A were reproduc
with permission from [3],  (2012), American Association for the Advancement of Scienappeared to be more evenly spread over the nucleoid, consistent
with a broader range of active genes required for metabolism,
e.g. amino acid synthesis.
Overcoming the limited spatial resolution of these earlier mea-
surements, recent PALM studies in ﬁxed cells allowed quantitative
assertions about the numbers of RNAP molecules in transcription
foci [34] (Fig. 3A). RNAP in minimal media conditions showed
clusters containing 20–50 molecules. In contrast, in rich media
conditions, there were also clusters of 70 molecules, possibly cor-
responding to intense transcription of single ribosomal operons.
Larger clusters, containing >100 molecules, were observed that
may correspond to multiple operons in close spatial proximity.
Unconjugated ﬂuorescent protein (PAmCherry) was used as a con-
trol that did not display clustering of localisations. Future studies
in live cells would allow not only to see this phenomenon in its
unperturbed environment, but also to probe the stability and
dynamics of these foci.
4.2. RNAP diffusion
A key parameter for a quantitative description of gene expres-
sion is the intracellular concentration of RNAP available for
transcription. The total pool of RNAPs can be categorised into
several populations, (I) speciﬁcally-bound molecules involved inthe clustering of RNA polymerase (RNAP) under different growth conditions [34]. No
cent protein (free PAmCherry). Small clusters containing around 35 RNAPmolecules
ve clustering with a peak at about 70 molecules per cluster, likely due to multiple
bosomal operons in close proximity. (B) Measuring Lac repressor (LacI) binding and
o not show speciﬁc long-lived binding of LacI. Without IPTG the appearance of bright
s a function of time can be used to determine the association rate of LacI after rapid
te was measured in strains with two lac operator sequences separated by different
s independently, and hence the search time is lowered. When the distance between
arget, and hence the search time was the same as for a single operator. This analysis
ed with permission from [34],  (2013) Elsevier. Images in panel B were reproduced
ce.
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molecules probing DNA sequences during the promoter search,
and (III) freely diffusing molecules. The value of the latter two frac-
tions is important for understanding the expression levels of
unregulated (constitutively expressed) genes across different
growth conditions [62]. Ensemble-averaged measurements using
FRAP were used to infer the fraction of mobile and immobile RNAP
molecules for cells growing in both rich media [63] and minimal
media [34]. The studies showed that about 50% (Ref: [63]) or
50–80% (Ref: [34]) of RNAPs are stably bound to DNA.
There are a huge number of potential non-speciﬁc sites on the
chromosome that RNAP explores before binding speciﬁcally to a
promoter region. A recent study has attempted to quantify non-
speciﬁc binding of RNAP using tracking PALM experiments [7].
Over long timescales (1 s), RNAP in search of a speciﬁc binding site
will undergo many transient binding events lowering its apparent
diffusion coefﬁcient. To measure free diffusion without transient
binding, RNAP was imaged at very fast exposure times (2 ms)
under the assumption that it does not interconvert between free
diffusion and transient binding on this timescale. The experimental
data were compared with simulated data of two species of mole-
cules performing fast and slow Brownian diffusion, respectively,
to infer the diffusion coefﬁcient of free RNAP. By comparing these
values to data recorded at longer exposure times, estimates for the
relative fractions of molecules undergoing free diffusion (12%),
non-speciﬁc binding (28%) and speciﬁc binding (54%) could be
obtained.
4.3. Transcription factors
The ability of RNAP to transcribe can also be regulated by tran-
scription factors, which control the expression of genes by binding
speciﬁc sites in, or close to, DNA promoter regions and enhance or
prohibit RNAP binding in response to environmental changes.
Many transcription factors are present in low copy numbers per
cell, which raises interesting questions about how they ﬁnd their
sparsely distributed binding sites and how long they remain bound
[38]. The Lac repressor (LacI) is often used as a model system for
understanding transcription factor behaviour. When bound to its
operator, LacI represses the expression of genes that metabolise
lactose. IPTG, a mimic of a lactose metabolite, can bind LacI, remov-
ing its speciﬁc afﬁnity to the operator sequence, but still allowing
non-speciﬁc DNA binding (Fig. 3B I) [2].
Single-molecule imaging of LacI in the presence of IPTG showed
that LacI spends 90% of the time non-speciﬁcally bound to DNA,
suggesting that the search for its binding site involves a combina-
tion of 3D diffusion and frequent short-lived binding events
(<5 ms) [2]. These results were complemented by a later study
which recapitulated an in vitro assay [64] in live cells asking the
question whether LacI can slide along DNA during non-speciﬁc
binding events in search of its promoter [3]. A series of E. coli
strains were created with two LacO operator sequences placed at
different distances from each other (Fig. 3B III). Similar to [2], the
time taken for LacI to rebind after rapid IPTG dilution was mea-
sured, giving an estimate for the search time (Fig. 3B II). In strains
with the two operators separated far from each other the search
time was halved, indicating that they act independently. However,
when the operators were closer together than the sliding distance
of LacI, the pair appeared as a single search target and hence the
search time was similar to that for a single operator. This analysis
revealed LacI slides on DNA for an average of 45 base pairs.
A further study implemented a single-molecule chase assay to
establish the dissociation rate of LacI from the promoter [65]. In
this work, the endogenous LacI was replaced by a labelled LacI
mutant unable to bind IPTG and unlabelled wild-type LacI was
overexpressed. Initial incubation with IPTG therefore allowed onlylabelled mutant LacI to bind its operator. Sudden dilution of IPTG
subsequently permitted binding of unlabelled LacI, outcompeting
the labelled mutant once it dissociated. Timing the disappearance
of ﬂuorescent foci gave a dwell time of LacI on its native operator of
about 5 min. Knowledge of the association and dissociation rates
permitted testing standard and non-equilibrium models of tran-
scription initiation controlled by transcription factors.
5. Chromosome organisation
Organising highly compacted chromosomes for efﬁcient
transcription, replication, repair, and segregation constitutes a
remarkable task that requires the concerted action of a range of
DNA-binding proteins. In contrast to eukaryotic cells, bacterial
chromosomes are not contained in a nucleus or modelled into
chromatin. Despite this, the E. coli nucleoid is still a tightly com-
pacted structure and has a high degree of organisation, with genes
more distant from oriC on the genetic map also being physically
positioned further from mid-cell [66,67]. The eukaryotic cell cycle
allows for chromosome replication, segregation, and cell division to
take place in separate stages with checkpoints ensuring completion
of each stage. It remains puzzling how bacteria such as E. colimanage
to simultaneously perform these tasks, especially at high growth
rates, when replication initiates from nascent origins before comple-
tion of the previous replication round. Novel labelling and imaging
approaches are now addressing these questions. Staining nascent
DNA using ﬂuorescent nucleotide analogues revealed that folding
and segregation of the B. subtilis chromosome during replication
follows a helical path from the cell centre towards the poles [68].
Similar strategies using photoswitchable DNA intercalating dyes or
click-chemistry labelling of nucleotide analogues yielded super-
resolved images of the E. coli chromosome [69,70].
5.1. Organisation by nucleoid associated proteins
Fluorescent fusions of DNA-binding proteins offer an alternative
to directly labelling chromosomal DNA. Nucleoid-associated pro-
teins (NAPs) are particularly useful for imaging chromosomes, as
they are highly expressed and play a central role in nucleoid com-
paction by bridging, bending, and wrapping DNA strands. Super-
resolution microscopy helped characterise the spatial distribution
of NAPs and the underlying chromosome: Fis and HU proteins
were found to be distributed approximately evenly in an ellipsoi-
dal volume [4,8,71], while the histone-like nucleoid-structuring
protein H-NS, a global transcriptional silencer, showed distinct
clusters in cells (Fig. 4 A) [8]. Chromosome conformation capture
showed that H-NS regulated genes were more likely to be in close
contact with each other compared to negative control loci. In a
mutant strain lacking functional H-NS, the spatial proximity of
H-NS binding sites was reduced, suggesting that H-NS is important
in spatially organising the chromosome by sequestering silenced
genes together [8]. High-resolution microscopy and chromosome
conformation capture assays have provided time-averaged repre-
sentations of chromosomes; by pushing the temporal resolution
of three-dimensional epiﬂuorescence microscopy, it was discov-
ered that HU-labelled chromosomes exhibit density waves that
pulsate within cells on a time-scale of seconds to minutes [72].
Such dynamics might play a role in the segregation of replicated
chromosomes into sister cells.
5.2. Structural maintenance of chromosomes
In addition to small NAPs, large Structural Maintenance of
Chromosomes (SMC) complexes clamp DNA to aid chromosome
compaction and segregation [73]. The E. coli SMC complex
MukBEF forms foci that appear to be central anchor points for
3592 M. Stracy et al. / FEBS Letters 588 (2014) 3585–3594the chromosome origin region [74] and binds DNA topoisomerase
IV to unlink sister chromosomes [75]. Single-molecule imaging
revealed the stoichiometry of MukB, E, F complexes and their
binding time of about 1 min within foci [5]. By distinguishing
chromosome-bound and diffusing molecules using photoactivated
single-molecule tracking, it was shown that immobile MukB, E, and
F proteins accumulate in large clusters that are further organised
into sub-clusters with a size smaller than 40 nm (Fig. 4 B I). Diffu-
sion of the individual components MukB, E, and F outside clusters
was similar, despite large differences in their respective molecular
weights, suggesting that cytoplasmic MukBEF forms stoichiometric
complexes (Fig. 4 B II) [5]. B. subtilis SMC also displayed a mixture
of diffusing and stationary molecules; presence of the latter was
dependent on accessory proteins ScpAB [6].
5.3. Transcription and translation mediated chromosome organisation
Both transcription and translation have been shown to be
important in maintaining the organisation of the nucleoid. Antibi-
otics that inhibit transcription cause the nucleoid to expand,
indicating that transcribing RNAP compacts DNA, perhaps by
sequestering actively transcribed genes together [76]. On the other
hand, antibiotics that block translation cause nucleoid compaction.
This latter effect is thought to be due to transertion of membrane
proteins, i.e., coupled transcription and translation and insertion
into the membrane [77,78].
To address the extent to which translation and transcription are
coupled in E. coli, PALM images were taken of RNAP and the
ribosomal protein S2 [79]. The spatial distributions showed clear
segregation between ribosomes and RNAP, with only 15% of
ribosomes found within the nucleoid (Fig. 4 C). Both RNAP and
ribosome distributions extended to the cell membrane indicating
that transertion could be taking place; however, there appeared
to be no enrichment of RNAP at the nucleoid periphery, suggesting
that most transcription is not coupled with translation. In contrast
to this, conventional microscopy images suggested that the dens-
est areas of RNAP are located in relatively low density areas ofFig. 4. Imaging chromosome organisation. (A) Reconstructed PALM images of the nucleoi
that were unresolved using conventional microscopy (right panel) [8]. (B) (I) Photoact
proteins MukB, E, and F shows that bound molecules appear in clusters (red) [5]. (II) T
together as complexes. (C) PALM localisations of ribosomes (top) and RNAP (bottom) sho
reproduced with permission from [8],  (2011), American Association for the Advancem
American Association for the Advancement of Science. Images in panel C were reproducthe nucleoid, leading to the hypothesis that transcription fre-
quently happens on loops of DNA projecting out from the dense
centre of the nucleoid [76]. Given these two different ﬁndings,
there is a need to further study the spatial distribution RNAP at
high spatio-temporal resolution.
6. Summary
DNA replication, repair, transcription, and chromosome organi-
sation are interdependent processes which have to be coordinated,
especially in bacteria that lack a cell cycle [80,81]. We have high-
lighted key technological advances in the ﬁeld of single-molecule
and super-resolution imaging that offer very direct and fascinating
insight into these processes as they occur in living cells.
In this review, we focused on bacteria, which have served as
excellent testing grounds for developing in vivo single-molecule
techniques. Beyond the importance of understanding bacteria as
pathogens and for biotechnological applications, bacterial model
systems continue to surprise us with new fundamental biology
[82]. Nevertheless, there is a clear need to move single-molecule
techniques to studying DNA binding proteins inside the nucleus
of eukaryotic cells, despite the technological challenges it entails
(e.g., decreasing ﬂuorescence signal at larger depths from the cov-
erslip). Recent developments with reﬂected light sheet microscopy,
where a thin horizontal section of a cell can be illuminated, have
shown improvements in signal-to-noise [83]. This method has
recently been used to study the spatial distribution of RNAP II with
single molecule accuracy inside mammalian cell nuclei [84].
The future promises exciting improvements to current tech-
niques detailed in this review. Organic dyes hold many advantages
over ﬂuorescent proteins; they are smaller, brighter, and more
photostable. Labelling with synthetic ﬂuorophores would allow a
molecule to be observed over longer times and with better accu-
racy. Two of the key obstacles to using these dyes are, ﬁrstly, inter-
nalising them into live cells, and secondly, directing them to
speciﬁc targets. Progress is being made on both these fronts;
several existing methods are available to direct ﬂuorophores byd-associated protein H-NS show distinct clusters within the nucleoid (middle panel),
ivated single-molecule tracking of Structural Maintenance of Chromosomes (SMC)
he MSD curves for the three proteins are very similar, suggesting that they diffuse
w the apparent spatial segregation of transcription and translation [79]. Panel A was
ent of Science. Images in panel B were adapted with permission from [5],  (2012),
ed with permission from [79],  (2012), Blackwell Publishing Ltd.
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and enzyme-mediated protein labelling, which uses native or engi-
neered enzymes to ligate a small molecule probe to a recognition
site [17,18]. Unnatural amino acid labelling offers a promising
technique to site speciﬁcally label proteins in live cells, but the
technique remains challenging to implement [19,85]. Recent work
has allowed site-speciﬁc labelling of two different ﬂuorophores for
in vitro FRET experiments [86]. An alternative approach involves
internalising puriﬁed and in vitro labelled proteins with electro-
poration, as covered in Section 3.2 [21,59]. Further development
and application of these techniques offers exciting new possibili-
ties for live-cell single-molecule measurements.
The examples covered in this review show how quantitative
imaging can bridge the gap between in vitro assays and in vivo
microscopy, allowing counting of molecules, as well as analysis
of their diffusion and function in their native environment. In vivo
single-molecule microscopy is clearly set to become a widely
used tool as new methods make completely novel experiments
possible, but also as existing techniques become more accessible
to non-specialists users.Acknowledgements
This work was supported by the European Commission Seventh
Framework Programme Grant FP7/2007-2013 HEALTH-F4-2008-
201418, UK Biotechnology and Biological Sciences Research
Council Grant BB/H01795X/1, and European Research Council
Grant 261227 (to A.N.K.); the Engineering and Physical Sciences
Research Council through the Life Sciences Interface Doctoral
Training Centre (University of Oxford) (M.S. and F.G.d.L.); the
Consejo Nacional de Ciencia y Technología/I2T2 (F.G.d.L.); and
the Wellcome Trust through a Sir Henry Wellcome Postdoctoral
Fellowship (S.U.).References
[1] Grainger, D.C., Hurd, D., Harrison, M., Holdstock, J. and Busby, S.J.W. (2005)
Studies of the distribution of Escherichia coli cAMP-receptor protein and RNA
polymerase along the E. coli chromosome. Proc. Natl. Acad. Sci. USA 102,
17693–17698.
[2] Elf, J., Li, G.-W. and Xie, X.S. (2007) Probing transcription factor dynamics at
the single-molecule level in a living cell. Science 316, 1191–1194.
[3] Hammar, P., Leroy, P., Mahmutovic, A., Marklund, E.G., Berg, O.G. and Elf, J.
(2012) The lac repressor displays facilitated diffusion in living cells. Science
336, 1595–1598.
[4] Uphoff, S., Reyes-Lamothe, R., Garza de Leon, F., Sherratt, D.J. and Kapanidis,
A.N. (2013) Single-molecule DNA repair in live bacteria. Proc. Natl. Acad. Sci.
USA 110, 8063–8068.
[5] Badrinarayanan, A., Reyes-Lamothe, R., Uphoff, S., Leake, M.C. and Sherratt, D.J.
(2012) In vivo architecture and action of bacterial structural maintenance of
chromosome proteins. Science 338, 528–531.
[6] Kleine Borgmann, L.A.K., Hummel, H., Ulbrich, M.H. and Graumann, P.L. (2013)
SMC, condensation centers in Bacillus subtilis are dynamic structures. J.
Bacteriol. 195, 2136–2145.
[7] Bakshi, S., Dalrymple, R.M., Li, W., Choi, H. and Weisshaar, J.C. (2013)
Partitioning of RNA polymerase activity in live Escherichia coli from analysis
of single-molecule diffusive trajectories. Biophys. J. 105, 2676–2686.
[8] Wang, W., Li, G.W., Chen, C., Xie, X.S. and Zhuang, X. (2011) Chromosome
organization by a nucleoid-associated protein in live bacteria. Science 333,
1445–1449.
[9] Gahlmann, A. and Moerner, W.E. (2013) Exploring bacterial cell biology with
single-molecule tracking and super-resolution imaging. Nat. Rev. Microbiol.
12, 9–22.
[10] Persson, F., Barkefors, I. and Elf, J. (2013) Single molecule methods with
applications in living cells. Curr. Opin. Biotechnol. 24, 737–744.
[11] Xie, X.S., Choi, P.J., Li, G.-W., Lee, N.K. and Lia, G. (2008) Single-molecule
approach to molecular biology in living bacterial cells. Annu. Rev. Biophys. 37,
417–444.
[12] Uphoff, S. and Kapanidis, A.N. (2014) Studying the organization of DNA repair
by single-cell and single-molecule imaging. DNA Repair, http://dx.doi.org/
10.1016/j.dnarep.2014.02.015.
[13] Uphoff, S., Sherratt, D.J. and Kapanidis, A.N. (2014) Visualizing protein–DNA
interactions in live bacterial cells using photoactivated single-molecule
tracking. J. Vis. Exp., e51177.[14] Paige, M.F., Bjerneld, E.J. and Moerner, W.E. (2001) A comparison of through-
the-objective total internal reﬂection microscopy and epiﬂuorescence
microscopy for single-molecule ﬂuorescence imaging. Single Mol. 2, 191–201.
[15] Tokunaga, M., Imamoto, N. and Sakata-Sogawa, K. (2008) Highly inclined thin
illumination enables clear single-molecule imaging in cells. Nat. Methods 5,
159–161.
[16] Grußmayer, K.S., Kurz, A. and Herten, D.-P. (2014) Single-molecule studies on
the label number distribution of ﬂuorescent markers. ChemPhysChem 15,
734–742.
[17] Fernández-Suárez, M. and Ting, A.Y. (2008) Fluorescent probes for super-
resolution imaging in living cells. Nat. Rev. Mol. Cell Biol. 9, 929–943.
[18] Hinner, M.J. and Johnsson, K. (2010) How to obtain labeled proteins and what
to do with them. Curr. Opin. Biotechnol. 21, 766–776.
[19] Zhang, Z., Smith, B.A.C., Wang, L., Brock, A., Cho, C. and Schultz, P.G. (2003) A
new strategy for the site-speciﬁc modiﬁcation of proteins in vivo.
Biochemistry 42, 6735–6746.
[20] Van de Linde, S., Heilemann, M. and Sauer, M. (2012) Live-cell super-
resolution imaging with synthetic ﬂuorophores. Annu. Rev. Phys. Chem. 63,
519–540.
[21] Crawford, R., Torella, J.P., Aigrain, L., Plochowietz, A., Gryte, K., Uphoff, S. and
Kapanidis, A.N. (2013) Long-lived intracellular single-molecule ﬂuorescence
using electroporated molecules. Biophys. J. 105, 2439–2450.
[22] Hell, S.W. andWichmann, J. (1994) Breaking the diffraction resolution limit by
stimulated emission: stimulated-emission-depletion ﬂuorescence
microscopy. Opt. Lett. 19, 780–782.
[23] Huang, B., Babcock, H. and Zhuang, X. (2010) Breaking the diffraction barrier:
super-resolution imaging of cells. Cell 143, 1047–1058.
[24] Heintzmann, R., Jovin, T.M. and Cremer, C. (2002) Saturated patterned
excitation microscopy – a concept for optical resolution improvement. J.
Opt. Soc. Am. A 19, 1599–1609.
[25] Schermelleh, L., Carlton, P.M., Haase, S., Shao, L., Winoto, L., Kner, P., Burke, B.,
Cardoso, M.C., Agard, D.A., Gustafsson, M.G.L., Leonhardt, H. and Sedat, J.W.
(2008) Subdiffraction multicolor imaging of the nuclear periphery with 3D
structured illumination microscopy. Science 320, 1332–1336.
[26] Thompson, R.E., Larson, D.R. and Webb, W.W. (2002) Precise nanometer
localization analysis for individual ﬂuorescent probes. Biophys. J. 82, 2775–
2783.
[27] Cheezum, M.K., Walker, W.F. and Guilford, W.H. (2001) Quantitative
comparison of algorithms for tracking single ﬂuorescent particles. Biophys. J.
81, 2378–2388.
[28] Smith, C.S., Joseph, N., Rieger, B. and Lidke, K.A. (2010) Fast, single-molecule
localization that achieves theoretically minimum uncertainty. Nat. Methods 7,
373–375.
[29] Betzig, E., Patterson, G.H., Sougrat, R., Lindwasser, O.W., Olenych, S.,
Bonifacino, J.S., Davidson, M.W., Lippincott-Schwartz, J. and Hess, H.F. (2006)
Imaging intracellular ﬂuorescent proteins at nanometer resolution. Science
313, 1642–1645.
[30] McKinney, S.A., Murphy, C.S., Hazelwood, K.L., Davidson, M.W. and Looger, L.L.
(2009) A bright and photostable photoconvertible ﬂuorescent protein. Nat.
Methods 6, 131–133.
[31] Gurskaya, N.G., Verkhusha, V.V., Shcheglov, A.S., Staroverov, D.B., Chepurnykh,
T.V., Fradkov, A.F., Lukyanov, S. and Lukyanov, K.A. (2006) Engineering of a
monomeric green-to-red photoactivatable ﬂuorescent protein induced by blue
light. Nat. Biotechnol. 24, 461–465.
[32] Subach, F.V., Patterson, G.H., Manley, S., Gillette, J.M., Lippincott-Schwartz, J.
and Verkhusha, V.V. (2009) Photoactivatable mCherry for high-resolution
two-color ﬂuorescence microscopy. Nat. Methods 6, 153–159.
[33] Greenﬁeld, D., McEvoy, A.L., Shroff, H., Crooks, G.E., Wingreen, N.S., Betzig, E.
and Liphardt, J. (2009) Self-organization of the Escherichia coli chemotaxis
network imaged with super-resolution light microscopy. PLoS Biol. 7,
e1000137.
[34] Endesfelder, U., Finan, K., Holden, S.J., Cook, P.R., Kapanidis, A.N. and
Heilemann, M. (2013) Multiscale spatial organization of RNA polymerase in
Escherichia coli. Biophys. J. 105, 172–181.
[35] Manley, S., Gillette, J.M., Patterson, G.H., Shroff, H., Hess, H.F., Betzig, E. and
Lippincott-Schwartz, J. (2008) High-density mapping of single-molecule
trajectories with photoactivated localization microscopy. Nat. Methods 5,
155–157.
[36] Haustein, E. and Schwille, P. (2007) Fluorescence correlation spectroscopy:
novel variations of an established technique. Annu. Rev. Biophys. Biomol.
Struct. 36, 151–169.
[37] Reits, E.A. and Neefjes, J.J. (2001) From ﬁxed to FRAP: measuring protein
mobility and activity in living cells. Nat. Cell Biol. 3, E145–E147.
[38] Mueller, F., Stasevich, T.J., Mazza, D. and McNally, J.G. (2013) Quantifying
transcription factor kinetics: at work or at play? Crit. Rev. Biochem. Mol. Biol.
48, 492–514.
[39] Lippincott-Schwartz, J., Snapp, E. and Kenworthy, A. (2001) Studying protein
dynamics in living cells. Nat. Rev. Mol. Cell Biol. 2, 444–456.
[40] Schütz, G.J., Schindler, H. and Schmidt, T. (1997) Single-molecule microscopy
on model membranes reveals anomalous diffusion. Biophys. J. 73, 1073–1080.
[41] English, B.P., Hauryliuk, V., Sanamrad, A., Tankov, S., Dekker, N.H. and Elf, J.
(2011) Single-molecule investigations of the stringent response machinery in
living bacterial cells. Proc. Natl. Acad. Sci. USA 108, E365–E373.
[42] Parry, B.R., Surovtsev, I.V., Cabeen, M.T., O’Hern, C.S., Dufresne, E.R. and Jacobs-
Wagner, C. (2013) The bacterial cytoplasm has glass-like properties and is
ﬂuidized by metabolic activity. Cell 156, 183–194.
3594 M. Stracy et al. / FEBS Letters 588 (2014) 3585–3594[43] Michalet, X. and Berglund, A.J. (2012) Optimal diffusion coefﬁcient estimation
in single-particle tracking. Phys. Rev. E 85, 061916.
[44] Persson, F., Lindén, M., Unoson, C. and Elf, J. (2013) Extracting intracellular
diffusive states and transition rates from single-molecule tracking data. Nat.
Methods 10, 265–269.
[45] Elowitz, M.B., Levine, A.J., Siggia, E.D. and Swain, P.S. (2002) Stochastic gene
expression in a single cell. Science 297, 1183–1186.
[46] Leake, M.C., Chandler, J.H., Wadhams, G.H., Bai, F., Berry, R.M. and Armitage,
J.P. (2006) Stoichiometry and turnover in single, functioning membrane
protein complexes. Nature 443, 355–358.
[47] Reyes-Lamothe, R., Sherratt, D.J. and Leake, M.C. (2010) Stoichiometry and
architecture of active DNA replication machinery in Escherichia coli. Science
328, 498–501.
[48] Lee, S.-H., Shin, J.Y., Lee, A. and Bustamante, C. (2012) Counting single
photoactivatable ﬂuorescent molecules by photoactivated localization
microscopy (PALM). Proc. Natl. Acad. Sci. USA 109, 17436–17441.
[49] Durisic, N., Laparra-Cuervo, L., Sandoval-Álvarez, A., Borbely, J.S. and
Lakadamyali, M. (2014) Single-molecule evaluation of ﬂuorescent protein
photoactivation efﬁciency using an in vivo nanotemplate. Nat. Methods 11,
156–162.
[50] Van Oijen, A.M. and Loparo, J.J. (2010) Single-molecule studies of the
replisome. Annu. Rev. Biophys. 39, 429–448.
[51] Lemon, K.P. and Grossman, A.D. (1998) Localization of bacterial DNA
polymerase: evidence for a factory model of replication. Science 282, 1516–
1519.
[52] Cook, P.R. (1999) The organization of replication and transcription. Science
284, 1790–1795.
[53] Breier, A.M., Weier, H.-U.G. and Cozzarelli, N.R. (2005) Independence of
replisomes in Escherichia coli chromosomal replication. Proc. Natl. Acad. Sci.
USA 102, 3942–3947.
[54] Reyes-Lamothe, R., Possoz, C., Danilova, O. and Sherratt, D.J. (2008)
Independent positioning and action of Escherichia coli replisomes in live
cells. Cell 133, 90–102.
[55] Su’etsugu, M. and Errington, J. (2011) The replicase sliding clamp dynamically
accumulates behind progressing replication forks in Bacillus subtilis cells. Mol.
Cell 41, 720–732.
[56] Lenhart, J.S., Sharma, A., Hingorani, M.M. and Simmons, L.A. (2013) DnaN
clamp zones provide a platform for spatiotemporal coupling of mismatch
detection to DNA replication. Mol. Microbiol. 87, 553–568.
[57] Elez, M., Murray, A.W., Bi, L.-J., Zhang, X.-E., Matic, I. and Radman, M. (2010)
Seeing mutations in living cells. Curr. Biol. CB 20, 1432–1437.
[58] Joo, C., Balci, H., Ishitsuka, Y., Buranachai, C. and Ha, T. (2008) Advances in
single-molecule ﬂuorescence methods for molecular biology. Annu. Rev.
Biochem. 77, 51–76.
[59] Sustarsic, M., Plochowietz, A., Aigrain, L., Yuzenkova, Y., Zenkin, N. and
Kapanidis, A. (2014) Optimized delivery of ﬂuorescently labeled proteins in
live bacteria using electroporation. Histochem. Cell. Biol..
[60] Santoso, Y., Joyce, C.M., Potapova, O., Le Reste, L., Hohlbein, J., Torella, J.P.,
Grindley, N.D.F. and Kapanidis, A.N. (2010) Conformational transitions in DNA
polymerase I revealed by single-molecule FRET. Proc. Natl. Acad. Sci. USA 107,
715–720.
[61] Cabrera, J.E. and Jin, D.J. (2003) The distribution of RNA polymerase in
Escherichia coli is dynamic and sensitive to environmental cues. Mol.
Microbiol. 50, 1493–1505.
[62] Klumpp, S. and Hwa, T. (2008) Growth-rate-dependent partitioning of RNA
polymerases in bacteria. Proc. Natl. Acad. Sci. USA 105, 20245–20250.
[63] Bratton, B.P., Mooney, R.A. and Weisshaar, J.C. (2011) Spatial distribution and
diffusive motion of RNA polymerase in live Escherichia coli. J. Bacteriol. 193,
5138–5146.
[64] Ruusala, T. and Crothers, D.M. (1992) Sliding and intermolecular transfer of
the lac repressor: kinetic perturbation of a reaction intermediate by a distant
DNA sequence. Proc. Natl. Acad. Sci. USA 89, 4903–4907.
[65] Hammar, P., Walldén, M., Fange, D., Persson, F., Baltekin, O., Ullman, G., Leroy,
P. and Elf, J. (2014) Direct measurement of transcription factor dissociationexcludes a simple operator occupancy model for gene regulation. Nat. Genet.
46, 405–408.
[66] Nielsen, H.J., Ottesen, J.R., Youngren, B., Austin, S.J. and Hansen, F.G. (2006) The
Escherichia coli chromosome is organized with the left and right chromosome
arms in separate cell halves. Mol. Microbiol. 62, 331–338.
[67] Wang, X., Liu, X., Possoz, C. and Sherratt, D.J. (2006) The two Escherichia coli
chromosome arms locate to separate cell halves. Genes Dev. 20, 1727–1731.
[68] Berlatzky, I.A., Rouvinski, A. and Ben-Yehuda, S. (2008) Spatial organization of
a replicating bacterial chromosome. Proc. Natl. Acad. Sci. USA 105, 14136–
14140.
[69] Schoen, I., Ries, J., Klotzsch, E., Ewers, H. and Vogel, V. (2011) Binding-activated
localization microscopy of DNA structures. Nano Lett. 11, 4008–4011.
[70] Spahn, C., Endesfelder, U. and Heilemann, M. (2014) Super-resolution imaging
of Escherichia coli nucleoids reveals highly structured and asymmetric
segregation during fast growth. J. Struct. Biol. 185, 243–249.
[71] Lee, S.F., Thompson, M.A., Schwartz, M.A., Shapiro, L. and Moerner, W.E. (2011)
Super-resolution imaging of the nucleoid-associated protein HU in Caulobacter
crescentus. Biophys. J. 100, L31–L33.
[72] Fisher, J.K., Bourniquel, A., Witz, G., Weiner, B., Prentiss, M. and Kleckner, N.
(2013) Four-dimensional imaging of E. coli nucleoid organization and
dynamics in living cells. Cell 153, 882–895.
[73] Nasmyth, K. and Haering, C.H. (2005) The structure and function of SMC and
kleisin complexes. Annu. Rev. Biochem. 74, 595–648.
[74] Danilova, O., Reyes-Lamothe, R., Pinskaya, M., Sherratt, D. and Possoz, C.
(2007) MukB colocalizes with the oriC region and is required for organization
of the two Escherichia coli chromosome arms into separate cell halves. Mol.
Microbiol. 65, 1485–1492.
[75] Nicolas, E., Upton, A.L., Uphoff, S., Henry, O., Badrinarayanan, A. and Sherratt,
D. (2014) The SMC complex MukBEF recruits topoisomerase IV to the origin of
replication region in live Escherichia coli. MBio 5, e01001–e01013.
[76] Jin, D.J., Cagliero, C. and Zhou, Y.N. (2013) Role of RNA polymerase and
transcription in the organization of the bacterial nucleoid. Chem. Rev. 113,
8662–8682.
[77] Cabrera, J.E., Cagliero, C., Quan, S., Squires, C.L. and Jin, D.J. (2009) Active
transcription of rRNA operons condenses the nucleoid in Escherichia coli:
examining the effect of transcription on nucleoid structure in the absence of
transertion. J. Bacteriol. 191, 4180–4185.
[78] Libby, E.A., Roggiani, M. and Goulian, M. (2012) Membrane protein expression
triggers chromosomal locus repositioning in bacteria. Proc. Natl. Acad. Sci.
USA 109, 7445–7450.
[79] Bakshi, S., Siryaporn, A., Goulian, M. and Weisshaar, J.C. (2012)
Superresolution imaging of ribosomes and RNA polymerase in live
Escherichia coli cells. Mol. Microbiol. 85, 21–38.
[80] Cox, M.M., Goodman, M.F., Kreuzer, K.N., Sherratt, D.J., Sandler, S.J. and
Marians, K.J. (2000) The importance of repairing stalled replication forks.
Nature 404, 37–41.
[81] Pomerantz, R.T. and O’Donnell, M. (2010) What happens when replication and
transcription complexes collide? Cell Cycle 9, 2537–2543.
[82] Deveau, H., Garneau, J.E. and Moineau, S. (2010) CRISPR/Cas system and its
role in phage–bacteria interactions. Annu. Rev. Microbiol. 64, 475–493.
[83] Gebhardt, J.C.M., Suter, D.M., Roy, R., Zhao, Z.W., Chapman, A.R., Basu, S.,
Maniatis, T. and Xie, X.S. (2013) Single-molecule imaging of transcription
factor binding to DNA in live mammalian cells. Nat. Methods 10, 421–426.
[84] Zhao, Z.W., Roy, R., Gebhardt, J.C.M., Suter, D.M., Chapman, A.R. and Xie, X.S.
(2014) Spatial organization of RNA polymerase II inside a mammalian cell
nucleus revealed by reﬂected light-sheet superresolution microscopy. Proc.
Natl. Acad. Sci. USA 111, 681–686.
[85] Plass, T., Milles, S., Koehler, C., Szyman´ski, J., Mueller, R., Wiessler, M., Schultz,
C. and Lemke, E.A. (2012) Amino acids for Diels–Alder reactions in living cells.
Angew. Chem. Int. Ed. Engl. 51, 4166–4170.
[86] Wang, K., Sachdeva, A., Cox, D.J., Wilf, N.W., Lang, K., Wallace, S., Mehl, R.A. and
Chin, J.W. (2014) Optimized orthogonal translation of unnatural amino acids
enables spontaneous protein double-labelling and FRET. Nat. Chem. 6, 393–
403.
